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The European Community Marine Strategy Framework Directive (MSFD) was established to provide guidelines
for monitoring the quality of marine ecosystems. Monitoring the status of marine environments is traditionally
based on macrofauna surveys, for which standardised methods have been established. Benthic foraminifera are
also good indicators of environmental status because of their fast turnover rates, high degree of specialisation,
and the preservation of dead assemblages in the fossil record. In spite of the growing interest in foraminiferal
bio-monitoring during the last decades, no standardised methodology has been proposed until today. The aim
of the FOraminiferal BIo-MOnitoring (FOBIMO) expert workshop, held in June 2011 at Fribourg, Switzerland,
which assembled 37 scientists from 24 research groups and 13 countries, was to develop a suite of standard
methods. This paper presents themain outcome of the workshop, a list of motivated recommendations with re-
spect to sampling devices, sample storage, treatment, faunal analysis and documentation. Our recommendations
fulﬁl the criteria imposed both by scientiﬁc rigour and by the practical limitations of routine studies. Hence, our
aim is to standardisemethodologies used in bio-monitoring only and not to limit the use of different methods in
pure scientiﬁc studies. Unless otherwise stated, all recommendations concern living (stained) benthic foraminif-
eral assemblages.We have chosen to propose two types of recommendations.Mandatory recommendations have
to be followed if a studywants to qualify as sound and compatible to the norms. Themost important of these rec-
ommendations are the interval from 0 to 1 cm below the sediment surface has to be sampled, and an interface
corer or box corer that keeps the sediment surface intact is to be used for offshore surveys. A grab sampler
must not bedeployed in soft sediments. Three replicate samples are to be taken and analysed separately. Samples
are to be washed on a 63-μm screen, and the living benthic foraminiferal fauna of the >125 μm fraction is to be
analysed. Splits are to be picked and counted entirely, and all counted foraminifera from at least one replicate per
station have to be stored inmicropalaeontological slides. Census data, supplementary laboratory data andmicro-
slides have to be archived. Advisory recommendations are to sample in autumn, to have a sample size of 50 cm2 or
a tube of 8 cm inner diameter, to use >70% ethanol as a preservative, rose Bengal at a concentration of 2 grams
per litre for staining, and a staining time of at least 14 days. The split size should be deﬁned by a target value of
300 specimens, heavy liquid separation should be avoided, and the 63–125 μmfraction or deeper sediment levels
may be considered in some environments. We are convinced that the application of this protocol by a large
number of scientists is a necessary ﬁrst step to a general acceptance of benthic foraminifera as a reliable tool
in bio-monitoring studies.
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Legislation world-wide was implemented to protect and restore
ecological quality in estuarine, coastal and marine systems, for instance
Oceans Act in the USA, Australia or Canada, the Water Framework Di-
rective (WFD, 2000/60/EC) and Marine Strategy Framework Directive
(MSFD, 2008/56/EC) in Europe, and the NationalWater Act in South Af-
rica (Borja et al., 2008). Since the publication of the MSFD in June 2008
(European Parliament, 2008), monitoring the quality of marine ecosys-
tems has become an urgent priority. The MSFD states that by 2015 at
the latest, “a programme of measures has to be designed to achieve or
maintain good environmental status”. This good status should be
achieved in 2020 (European Commission, 2010). In this context, it is
not only important to measure the concentrations of various pollutants
in the marine environment, it is even more important to describe the
possible impact these pollutants may have on the organisms living in
the ecosystem. In the technical annex of the MSFD, 11 descriptors for
good environmental status are deﬁned, among which are biodiversity
and food web elements (European Commission, 2010). In the chapters
dealing with these two topics, the necessity to “select a set of relevant
species and functional groups” is underlined. These key groups or
species are characterised by fast turnover rates and speciﬁc habitats.
Benthic foraminifera perfectly meet these criteria.
Monitoring the status of marine environments, andmore speciﬁcally,
describing the impact of pollutants on living organisms, has traditionally
been based on studies of macrofauna. In the last decades, major efforts
have been made by the scientiﬁc community working with macrofauna
to develop easily applicable and objective descriptors, which are capable
of giving a quantiﬁed assessment of the status of marine biota (Borja et
al., 2009). These efforts have led to a profusion of “biotic indices”,
which are mostly based on measures of diversity or relative proportions
of various types of benthic indicator organisms (reviews in Diaz et al.,
2004; Borja et al., 2007; Dauvin, 2007; Borja and Dauer, 2008; Josefson
et al., 2009). Unfortunately, these indices may give very different results,
and intercalibration of the indices has become an urgent necessity (e.g.,
Hering et al., 2010).
As early as the 1960s, benthic foraminifera were used to describe the
state of marine environments (e.g., Resig, 1960;Watkins, 1961; Bandy et
al., 1964a,b, 1965a,b; Seiglie, 1968). Bio-monitoring with foraminifera
has increased during the last decades, and at presentmore than 50 differ-
ent research groups world-wide are active in this ﬁeld.
In fact, foraminifera present several advantages in comparison to
the more commonly used macrofaunal organisms (e.g., Alve, 1995a;
Mojtahid et al., 2006; Bouchet et al., 2007; Alve et al., 2009; Jorissen
et al., 2009):
• Their density in marine sediments, between 100 and 10000 living
individuals >63 μm per 100 cm2 surface area (Murray, 2006), is an
order of magnitude higher than that of macrofauna. This means that
much smaller sediment volumes are needed for a reliable assessment.
This is especially important in deep-water settings, where macrofauna
may be very scarce.
• Benthic foraminiferal faunas are highly variable, about 20 to 50 species
per 300 individuals are to be expected in near-coastal environments.
The various species occupy different niches at the seaﬂoor. They live
on the sediment surface or as infauna, and they show a variety of
trophic strategies as suspension-, deposit-feeders, and those spe-
cialised to use recently sedimented phytodetritus.
• Foraminifera commonly have short life cycles as compared to higher
organisms. The foraminiferal fauna therefore responds quickly to
environmental changes.
• After reproduction or death, calcareous andmany agglutinated tests
of a large part of the foraminiferal assemblages are preserved in the
sediment. Once the sedimentation rate has been appropriately deter-
mined at a given site, for instance from the depth gradient of 210Pb
concentrations or a succession of radiocarbon datings, the original,
pristine faunas from pre-industrial time can be reconstructed. In this
way, the fossil assemblages can serve as a reference in areas
where no environmental baseline study has been carried out.
These “pre-impact faunas” provide important information on the ar-
rival of non-indigenous species, and the disappearance of pollution-
sensitive, local species. This last point is particularly important. In
most instances, there are no data available about the faunal composi-
tion and diversity before the onset of anthropogenic impact. Compar-
isonwith supposedly pristine “reference stations” is not a satisfactory
solution, because 1) inmanymarine areas, such pristine conditions no
longer exist and 2) of the very high spatial variability of benthic hab-
itats, particularly in estuaries, where it is almost impossible to ﬁnd
sites with similar ecological characteristics (Alve et al., 2009). In this
context, foraminifera offer a unique advantage because they are
more evenly distributed than macroorganisms (e.g. Scofﬁn and
Tudhope, 1985).
• A ﬁnal point in favour of foraminifera is the presence of a large com-
munity of active researchers. Unlike the situation with benthic
macrofauna, many students are being taught about foraminifera,
and there is no lack of scientists capable of identifying the different
species of foraminifera, and to use them in environmentalmonitoring.
As explained above, the community of macrofauna specialists has
made large efforts to standardise their methods (Rumohr, 2004; ANSI,
2007; Rees et al., 2009), and especially, to develop biotic indices that
give a quantitative appreciation of the state of marine environments
(e.g., Grall and Glemarec, 1997; Borja et al., 2000; Rosenberg et al.,
2004). Unfortunately, such efforts have never been made for forami-
nifera even though three books were dedicated to the topic (Martin,
2000; Scott et al., 2001; Haslett, 2002). This lack of standardised
methods of sample acquisition, preparation and treatment, and data
interpretation has probably been an important reasonwhy foraminifera
have remained a rather marginal monitoring tool. For instance, in spite
of an abundant literature on the ecology of estuarine and salt-marsh
foraminifera, they are non-existent in the European Community Water
Framework Directive (European Commission, 2003), which concerns
fresh water as well as coastal marine environments.
In view of the evident advantages of benthic foraminifera, we think
that it is essential to give a new impetus to environmental monitoring
based on this group of organisms. In order to achieve this, we organised
a dedicated workshop (FOBIMO meeting, Fribourg, Switzerland, June
22–24, 2011), assembling 37 scientists from 24 research groups in 13
countries. Themain aimof thisﬁrstworkshopwas to deﬁne standardised
methods for sampling and sample treatment, which should be at the
same time scientiﬁcally sound and easy to apply. This paper presents
the outcome of the workshop, which is a series of recommendations.
The implementation of these methods as a scientiﬁc standard in
bio-monitoring was agreed upon by all participants.
The proposed protocol is speciﬁcally adapted to the practical require-
ments of routine environmental monitoring, but also to the rigorous as-
pects of sound scientiﬁc standards. Other protocols may be adequate in
pure scientiﬁc studies, depending on the scientiﬁc questions addressed.
In the following text, recommendations will be given for sampling, sam-
ple replication, subsampling, preservation and staining, sample treat-
ment, faunal analyses, sample and data management in bio-monitoring
studies. For each of these topics, some of our recommendations areman-
datory. These conditions have to be implemented in order to qualify for
the future FOBIMO norms. Other recommendations are simply advisory.
These recommendations are useful in most routine studies, but may not
be applicable in some, very speciﬁc ecosystems (Table 1). Finally, in some
cases we indicate the possibility of additional procedures, which are use-
ful, but do not necessarily have to be part of a standardmonitoring study.
We are aware that our recommendations are based on experiences
gained mainly in temperate to high northern latitudes. Environmental
monitoring in tropical near-shore areas and coral reefs may require











These schemes are not yet established and should be subject of a sub-
sequent contribution.
2. Sampling strategy
Reliable sample acquisition is an essential prerequisite for a success-
ful environmental monitoring study. Different sampling strategies are
needed for different substrates and in different environments. For
instance, undisturbed surface samples may be difﬁcult to obtain in
organic-rich,muddy sediments. Conversely, sandy bottomsmay hamper
adequate penetration of the corer and thus prevent sampling. Deep-sea
ecosystems can only be sampled with remotely operated sampling de-
vices from sea-going vessels, which is time-consuming and costly. Only
a few deployments per working day are feasible. In coastal waters,
sampling is less time-consuming and tens of samples can be collected
per day.
2.1. Sample acquisition in intertidal and shallow subtidal areas
In the intertidal zone, hand-held devices are used. Quantitative
samples of surface sediment are scooped out of a short, transparent
plastic tube segment or ring of appropriate diameter inserted into
the sediment on tidal ﬂats. Compression of surface sediments is negligi-
ble as the tube is inserted only a few centimetres. The 1-cm sediment
depth is indicated by a succession of 1-cmhigh varnish bands of different
colours on the outside of the transparent tube. The tube is inserted up to
the ﬁrst colour change, and the sediment is scooped out until the next,
1-cm deeper colour change becomes visible. To obtain stacked slices, a
longer tube is pushed down into the sediment, and the core is handled
in the same way as that retrieved with any interface corer as described
below. On salt-marsh meadows, a chamfered, sharp steel cylinder with
appropriate inner diameter is turned through the vegetated surface, ex-
cavated, and the sample is cut off with a knife from the top of the core
(Scott and Medioli, 1980; Horton and Edwards, 2006).
Table 1
Summary of recommendations for methods in foraminiferal bio-monitoring.
Topic Mandatory recommendation Advisory recommendation
Sample acquisition • The interval 0–1 cm should be used. • A tube with 8 cm in diameter or a surface area of 50 cm2 is proposed as
standard device.
• Sampling should preferably be done at least once a year.




• Soft sediments (e.g., muds, sands, and oozes): any interface corer or box
corer that keeps the sediment surface intact should be used.
• Only one type of corer should be used in a particular sampling campaign.
• Grab samplers are considered as inappropriate for soft sediments and
sands.
• Hard bottoms: grabs are only to be deployed on hard grounds.
Replication • Three replicates are necessary to capture the variability of the system. • Replicate samples should preferably come from different deployments.
• Each replicate is to be treated independently. • In case replicate samplings come from a single deployment, they should be
as far apart as possible.
Sub-sampling • The zero level is to be deﬁned with the midpoint of any irregular surface. • When sediment layers deeper than 1 cm are sampled, the outer
millimetres of sediment close to the core-liner should be removed.• For the study of the 0–1 cm level, the whole area within the core-liner is to be
sampled.
• The sample volume has to be determined in a reliable way.
Preservation and
staining
• Samples should be stored in a preservative or ﬁxative. • Ethanol of >70% is strongly recommended as preservative.
• In order to distinguish living from dead foraminifera, a vital stain should
be used.
• When using rose Bengal, a concentration of 2 g per litre of preservative is
recommended.
• The stain is to be added to the preservative prior to its addition to the
sample.
• In environments with high organic matter contents, it may be necessary to
add a larger volume of preservative.
• The volume of preservative to be added should at least be equal of the
volume of the sample.
• In low-oxic to anoxic environments where the decay of the dead organisms
is very slow, it is strongly recommended to use more critical vitality assays.
• Minimum time for staining with a preservative—rose Bengal solution is
14 days.
• Samples have to be shaken gently until an entirely homogeneous mixture
is obtained.
Sample preparation • Samples are to be washed on a 63-μm screen. • Heavy liquid separation should be avoided as much as possible.
• Commercially available wet or dry splitters should be used for sample
partitioning.
Faunal analysis • Bio-monitoring studies should be based on the living fauna. • In certain environments, it may be necessary to analyse the >63 μm fraction.
• For at least one replicate, all counted foraminifera have to be picked and
stored in micropalaeontological slides.
• A target value of 300 counted specimens is recommended.
• The study should be based on the faunal inventory of the >125 μm fraction. • The same split-size should be used throughout the study.
• Splits are always to be counted entirely. • Wet or dry picking are both considered as appropriate.
• Soft-shelled species are not considered in routine monitoring studies. • The colouration intensity of specimens considered as living should be
assessed for every individual species.
• A later re-wetting of the dry-picked specimens can help to better assess the
staining.
• Breaking of miliolids and agglutinants to check for cytoplasm may be
necessary.
• The analysis of the dead faunas may add important additional information.
Documentation • Census data and slides with picked specimens have to be archived. • If available, untreated sample replicates or splits are to be archived.
• A list of all recognised species has to be archived.











Shallow subtidal areas are hardly accessible to sea-going ships.
Samples are taken fromboats, by divers, frompermanent seashore instal-
lations like jetties or platforms, and from fast ice at high latitudes. Small-
sized box-corers and interface corers designed for lakes are suitable in
shallow seas. These lightweight samplers are easier to be deployed with
a long rod rather than using a winch and cable.
Non-cohesive, sandy sediments are common in shallow-water areas,
and tend to slip from corers. The hand-held Bowser-corer, pushed into
the sediment by divers, holds sediment efﬁciently (Fig. 1). The diver
pushes the capped liner with the valve open into the sediment, closes
the valve, pulls the liner vertically, simultaneously dips the other hand
holding the stopper into the sediment, and inserts the stopper.
2.2. Sampling in open marine areas with remotely operated sampling
devices
2.2.1. Mandatory—an interface corer or box corer, or any other device that
keeps the sediment surface intact should be used for soft sediments such as
muds, oozes and sands
Among a large variety of seabed samplers (Murdoch andMacKnight,
1994), corers and grabs have extensively been used in recent foraminif-
eral surveys (Scott et al., 2004). Conventional gravity or piston corers
equipped with a core catcher may create a bow wave, which blows
away the uppermost, unstable surface sediment layer when the nose
cone touches the ground (McIntyre, 1971). Interface corers like Barnett
multiple corer, Niemistö corer, Rumohr corer or similar devices are
deployed without a core catcher, thus the bow wave is minimised
(Meischner and Rumohr, 1974; Niemistö, 1974; Barnett et al., 1984),
and the sediment surface remains mostly undisturbed. The core is re-
trieved with supernatant bottom water, which is sealed by lids or
bungs during recovery. An inner core diameter of 8 cm is recommended
in order to meet the requirement of 50 cm2 surface area.
Interface corers can successfully operate in ﬁne-grained sediments
only. On sandy bottoms, a box corer facilitates a good recovery (Bouma
and Marshall, 1964). The box corer should have an appropriate design
that minimises the bow wave, and seals the sample with a tight spade
and top lids, in order to protect against water turbulence when the
corer is drawn back to the surface. The slacking speed of the winch has
to be reduced before the box corer touches the seabed and some time
has to be given for penetration after bottom contact.
When operated carefully, interface and box corers provide the best
sediment surface preservation among all seaﬂoor sampling devices. A
further improvement of sample quality can be achieved when video-
guided devices are used, for instance push-cores deployed with a Re-
motely Operated Vehicle (ROV). At present, ROV operations are costly
and limited in time and areal extent, but ROVs will probably be used
routinely in the near future.
2.2.2. Mandatory—samplingwith a grab sampler is considered inappropriate
for muds and sands, and should be avoided in all soft bottom sampling
Grab samplers create a strong bowwavewhen they touch the ground.
Furthermore, grabs may only scrape the surface, distort the structure of
the underlying sediments, and often do not close accurately (Wigley,
1967; Riddle, 1989). A large part of the sample is washed out when the
grab is hoisted through thewater column, and an intact sediment surface
is rarely preserved.
2.2.3. Advisory—only one type of corer should be used in a particular
sampling campaign
Systematic offsets in population densities have been observed be-
tween box corer and multicorer deployments at the same location
(Bett et al., 1994; Shirayama and Fukushima, 1995). However, if differ-
ent substrata are targeted, the sampling device should be changed.
2.2.4. Advisory—grabs are to be deployed on hard grounds
Van Veen or Shipek grabs are the only deviceswhich provide samples
from locations where rock outcrops, pebbles, or veneers of lag sediments
are encountered (Van Veen, 1936; Shipek, 1965). These hard bottoms
prevail in high-energy environments or where sediment bypassing oc-
curs. Grabsmainly recover loose or prominent objects and large epizoans.
Foraminifera prefer to live attached to stable objects under such condi-
tions, while they are very rare on gravel or coarse sands around these
prominent objects because of the frequent sediment redeposition
(Schönfeld, 2002). Grab sampling therefore facilitates an assessment of
the living fauna on hard grounds, although with certain limitations.
2.3. Foraminiferal sample acquisition
2.3.1. Mandatory—the 0–1 cm interval should be sampled
The surface interval chosen in different foraminiferal studies has been
0–0.25 cm to 0–2 cm, and sometimes even thicker (Moodley and Hess,
1992; Alve and Murray, 2001; Scott et al., 2001; Buzas et al., 2002). In
order to obtain monitoring data, which are comparable between studies,
they should evidently be based on the same sampling interval. A very
thin surface interval of 0–0.5 cm or even less is difﬁcult to collect, and
the actual thicknesswill vary between collecting persons. Too thick an in-
terval, on the other hand, will dilute foraminifera living at the sediment
surface by a large number of empty, subfossil tests fromdeeper sediment
layers. Furthermore, the cytoplasm of recently dead specimens degrades
slowly in anoxic deeper layers, which can bias census data of rose Bengal
Fig. 1. The design of the Bowser-corer operated by scuba divers: 1, ﬂexible drain; 2,











stained specimens (Bernhard, 1988; Murray and Bowser, 2000). The
compromise is an intermediate thickness of 1 cm as was applied in
many previous monitoring studies (e.g., Cearreta et al., 2000; Murray
and Alve, 2000; Leorri et al., 2008). Furthermore, the diversity of living
assemblages >63 μm from the 0 to 1 cm level of surface sediments
along the Norwegian Skagerrak coast provided themost optimal evalua-
tion of ecological quality at the study sites as compared to the deeper,
1–2 cm level (Bouchet et al., 2012). Therefore, we suggest to system-
atically use the 0–1 cm interval in foraminiferal bio-monitoring.
The recommendation to record living specimens in the 0–1 cm inter-
val applies to sediment-dwelling foraminifera. Many foraminiferal
species, however, cling to or encrust elevated substrates (Murray,
1970; Brasier, 1975; Poag, 1982; Steinker and Clem, 1984; Jones and
Charnock, 1985; Kitazato, 1988). In littoral and shallow subtidal environ-
ments, elevated substrates are diverse and often have a complex three-
dimensional shape, e.g. sea grass, kelp, coralline algae, mangrove roots,
corals, pebbles or stones. There is yet no established practice to quantita-
tively monitor foraminifera dwelling on branching or elevated objects.
2.3.2. Additional possibility—in some areas the study of deeper sediment
levels will yield important additional information
Vertical series in intertidal and shallow subtidal settings provide
valuable information on foraminiferal ecology, in particular the habitat
depth of endobenthic species and their variability, and on environmental
conditions (Moodley and Hess, 1992; Alve and Murray, 2001; Hyams-
Kaphzan et al., 2009). Processing of such depth-series is rather time-
consuming. Additionally, organic-rich subsurface sediments in near-
shore areas are often anoxic and contain free H2S, which is lethal to
many shallow-dwelling species and thus the respective levels lack
living foraminifera (e.g. Lipps and Langer, 1999; Alve and Murray,
2001). For these reasons we suggest to employ only surface sediment
samples for standard bio-monitoring studies. In some cases, however,
the study of deeper sediment levels may be appropriate since it can
yield important additional information.
2.3.3. Advisory—a sample size of 50 cm2 (tube with 8 cm in diameter) is
recommended, population density is to be standardised for 50 cm3
Living foraminiferal population densitymay reach 100 specimens per
10 cm3 (size fraction >125 μm) in near-shore areas that are rather rich
in food, but values may drop to tens of specimens and even less during
winter at mid to high latitudes (e.g., Lehmann, 2000; Murray, 2006).
To optimise the possibility to obtain statistically signiﬁcant numbers
of living foraminifera per sample, we recommend a sample size of
50 cm2 (a tube of 8 cm in diameter). If the sample size is different, pop-
ulation density should be normalised to 50 cm3 of the 0–1 cm surface
sediment level.
2.3.4. Advisory—sampling should be done at least once a year. Bloom periods
are to be avoided, and autumn samples offer the best perennial persistency
As in many other groups of benthic organisms, foraminiferal assem-
blage composition and population density may vary greatly between
seasons and years. Sporadic, annual or even seasonal surveys may give
results that are difﬁcult to interpret because foraminifera can show sig-
niﬁcant short-term variation in abundance, in particular they reproduce
explosively during periods of abundant food (Murray, 2000; Gustafsson
and Nordberg, 2001; Morvan et al., 2006). Monthly or even biweekly
surveys are informative with reference to such short-term variability
(Murray and Alve, 2000), but will not be feasible in most monitoring
studies. To minimise year-to-year scatter in the data, periods when
foraminifera reproduce, following phytoplankton blooms during
spring or other seasonal blooms related to river discharge in near-
coastal areas, should be avoided. At temperate latitudes, autumn sam-
ples offer the best perennial persistency (Morvan et al., 2006;
Duchemin et al., 2008). Preferentially, the time window between the
terrestrial vegetation season at temperate latitudes and the winter
storms should be used for sampling in near-shore areas.
3. Replication
3.1. Mandatory—three replicates are necessary to describe the variability
of the system
Organisms inhabiting the seaﬂoor are seldom spread randomly.
Patchiness characterises the distribution of macroorganisms and
may have scales of centimetres to kilometres (Hall et al., 1994;
Raffaelli et al., 2003). The population density of organisms from the
meiofaunal size class changes drastically at several spatial scales
(McIntyre, 1969; Soetaert et al., 1994; van Gaever et al., 2004). Ben-
thic foraminiferal distribution is also notably patchy (Bernstein et
al., 1978; Fontanier et al., 2003; Barras et al., 2010; Griveaud et al.,
2010), which was observed in the 1960s already (Buzas, 1970;
Schafer, 1971). The general approach to neutralise the above hetero-
geneity is to obtain replicate samples at each site. To prevent a 50% to
50% situation in comparison of data from replicates, an odd number of
samples are normally taken, in particular 3, 5, 7 or 9. The routine in
macrobenthos surveys is 7 or 5 replicates (e.g., Borja and Dauer,
2008). Foraminiferal distribution studies are often based on non-
replicate samples, but these results may bring an unconstrainable
variability and therefore are not considered as being representative
by the bio-monitoring community. In studies where replicates were
taken, ﬁve replicates per station have earlier been applied in foraminifer-
al research, and sometimes the number was reduced to three for practi-
cal reasons (Buzas, 1970; Suhr et al., 2003; Kemp et al., 2011). Obtaining
foraminiferal census data is time-consuming and relatively expensive. In
bio-monitoring projects, reports must be delivered within a fewmonths
and the investigations need to be cost-competitive. Statistical consider-
ations of live (stained) assemblages show that three replicates are sufﬁ-
cient to determine reliable Ecological Quality Status (EcoQS) (Bouchet et
al., 2012). Consequently, considering time and cost constraints for bio-
monitoring projects, the number of replicates can be reduced to a mini-
mum of three replicates per benthic station.
3.2. Advisory—replicate samples should preferentially come from different
deployments
Replicate samples of marine macrobenthos were traditionally re-
trieved by a grab sampler or box-corer that was sequentially deployed
from a vessel at drift. Drifting at ~1 kn, a 15-minute lapse between de-
ployments will result in a 0.5-km distance between the individual repli-
cate sample locations. Thus traditional macrobenthos replicate samples
characterise spatial heterogeneity at a scale of tens of metres to
kilometres. Smaller distances are required in coastal areas where local
conditions commonly change over shorter distances than in the open
sea. Surface sediment samples for foraminiferal studies are smaller,
100 cm2 or less, and several samples can be taken from one multicorer,
for instance sampling the individual cores, or from one box-core surface.
In such cases, the distance between the sampleswill always be some tens
of centimetres. Therefore, to characterise spatial heterogeneity at the
same scale of tens of metres to kilometres as macrobenthos surveys do,
and to avoid pseudoreplication (Hurlbert, 1984), foraminiferal replicate
samples should preferentially come from separate deployments.
3.3. Advisory—in case replicate samples come from a single deployment,
they should be as far apart as possible
How much time each deployment of a remote sampling device
takes depends on winch speed and water depth. To this one must
add the handling time on deck that is needed to recharge the interface
corer or box-corer for the next deployment. Because of ship-time con-
straints, the possibility to obtain more than one interface corer or box-
corer deployment per station is a rare option. If replicate samples
come from a single deployment (i.e., pseudoreplication), they should











opposite edges of the array should be used. In case of a box-corer, the
samples should be taken from different corners of the box. Sampling
too close to the edge should be avoided, however, as ﬂushing of sedi-
ments often occurs in the corners and the surface layer may no longer
be intact close to the corners of the box.
The issue of replicates obtained with separate or single deployments
will probably become less problematic in the future. A growing number
of research vessels are nowequippedwith advanceddynamic positioning
systems, so it takes far less time to stabilise the position, and samples
retrieved with different deployments on the same spot are only a few
metres apart due to slope changes of the cable. Newly manufactured
box-corers can be recharged almost as quickly as grabs, and multiple
deployments at shallow depths become more affordable.
3.4. Mandatory—each replicate has to be treated independently
Averaging of replicate counts is the standard procedure (Buzas,
1970; Suhr et al., 2003; Kemp et al., 2011). Publications and reports
often refer to these mean values only; so it is tempting to lump the
replicates, and to perform only one census in order to save time on
processing and counting. However, replicate counts characterise the
variability of the system. This information must be preserved at all
cost, therefore each replicate has to be treated independently. However,
ﬁnal lumping of counts may be necessary when the total numbers of
living specimens obtained from individual replicates are too low for
a statistically signiﬁcant census (Schönfeld and Numberger, 2007a).
4. Subsampling
4.1. Mandatory—for analysis of the surface 0–1 cm level, the whole area
within the core-liner is sampled
Sub-sampling has to be done immediately after retrieval of the
core. The surface 0–1 cm is sliced off using horizontal movements
(Fig. 2). The whole slice (i.e., all sediment within the graduate core-
liner) is transferred to the sample container. Nothing from the margin
of the core should be removed in this case. Horizontal movements are
important to avoid sediment from the subsurface layer to get at-
tached to the cutting plate and to eventually contaminate the surface
sample. In coarse-grained carbonate sediments, the cutting plate may
be obstructed by large shell fragments. In this case, the surface
0–1 cm should be sampled by using a spoon and pair of tweezers to
remove the fragments.
4.2. Advisory—when sediment layers deeper than 1 cm are sampled, the
outer millimetres of sediment close to the core-liner should be removed
The latter is done to avoid including sediment from shallower
depths which may have slid or been smeared down along the inside
of the core-liner. Such contaminationmay create irregular or artiﬁcially
extended habitat depth ranges of surface dwelling species and has to be
avoided.
4.3. Mandatory—the zero level is to be deﬁned by themidpoint of an irregular
surface
If the sediment surface is irregular, the zero level (i.e., the reference
level for the sediment–water interface) is deﬁned as the midpoint be-
tween the highest and the lowest point on the irregular surface. Sampling
is to be done with a graduated core-liner ring and cutting plate as de-
scribed above.
If the sediment surface is tilted, the .surface 0–1 cm should be
sampled by using a small spoon rather than a sectioning plate.
4.4. Mandatory—the sample volume has to be determined in a reliable way
If the sediment surface is smooth and horizontal, the volume of
the sampled sediment slice is deﬁned by the inner diameter of the
core liner and the thickness of the sediment slice.
If the sediment surface is irregular, the following procedures are
recommended to determine the sample volume: transfer the sedi-
ment to a transparent container, add a ﬁxed volume of preservative
(e.g., ethanol), mark the level of preservative plus sediment on the
container wall, and determine the volume of sample plus preserva-
tive when the sediment has been removed from the container for
processing. In particular, ﬁll the empty container with water up to
the mark, measure the volume of water in a graduate cylinder, and
subtract the known preservative volume (Fig. 3).
5. Preservation and staining
5.1. Mandatory—samples should be stored in a preservative or ﬁxative
Foraminiferal samples are normally processed weeks or months
after collection. It is therefore necessary to add a preservative to the sed-
iment samples in order to prevent decay of the foraminiferal cells by
bacterial activities. Ethanol is a good preservative, but it is not a ﬁxative.
A ﬁxative stabilises the molecular structures of the cell and should be
used for cytological studies (Anderson and Bé, 1978; Hemleben et al.,
1989). Formalin or glutaraldehyde are both a reliable ﬁxative and may
also be used as a preservative. If formalin is used (e.g. Kitazato et al.,
2000, Hughes and Gooday, 2004), it is necessary to buffer the solution
with borax in a 4% solution to avoid the dissolution of calcareous tests
(Maybury and Gwynn, 1993). If glutaraldehyde is used, a sodium
cacodylate buffer should be added (Gooday et al., 2000). Fixative solu-
tions are toxic. They must be handled with protective gloves, and
work should be done in a well-ventilated place, preferably in a fume
chamber. Such protective measures may not be easily applied on
board research vessels.
5.2. Advisory—samples should preferably be stored in >70% ethanol
In bio-monitoring studies the presence or absence of cytoplasm in
the tests at the time of sampling needs to be distinguished, whereas












the quality of cytological ﬁxation is not critical. Therefore, it is not
necessary to use ﬁxatives. Ethanol is a reliable andmuchmore practical
alternative for sample preservation and storage. In the biological litera-
ture, 70% ethanol is reported as the minimum concentration necessary
for long-term preservation of specimens (Lim and Sivasothi, 2004).
Therefore, we strongly recommend the use of >70% ethanol for preser-
vation of foraminiferal samples (Murray, 2006).
5.3. Mandatory—the volume of preservative added to the samples has to
be at least equal to the sample volume
This procedure ensures that the preservative is not diluted too much
by the pore water so that ethanol concentrations do not fall below 70%
(Gustafsson and Nordberg, 1999; Murray, 2006). For sediment samples
with high organic content and strong bacterial activity, it may be
necessary to add a larger volume of preservative.
5.4. Mandatory—in order to distinguish living from dead foraminifera,
cytoplasm staining should be used
Twomain stains revealing the presence of cytoplasm, in the following
referred to as vital stains, are reliable for foraminiferal studies: Sudan
black B (Walker et al., 1974) and rose Bengal (Walton, 1952). Sudan
black B is a lipophilic stain and results in a black colour of the cytoplasm.
A heated solution of Sudan black B has to be applied, which is disadvan-
tageous because it requires time and equipment. Thus, the Sudan black B
method is not practical on board research vessels as with ﬁeld sampling
(Bernhard, 2000).
Rose Bengal adsorbs onto proteins and stains the cytoplasm in an
intensive pink colour (Walton, 1952). This staining agent is largely
used in routine distributional or ecological studies (Bernhard, 2000;
Scott et al., 2001; Murray, 2006) because it is inexpensive and easy
to use. However, this method is not strictly accurate to distinguish liv-
ing from dead foraminifera (Bernhard, 2000) because rose Bengal
stain is protein speciﬁc, and proteins are degraded fairly slowly
under certain circumstances. Therefore, rose Bengal may stain pro-
teins that are still in the shell after termination of metabolic activity,
i.e., the death of the specimen (Bernhard, 1988; Murray and Bowser,
2000). In fact, the cytoplasm can be preserved in the test for some
days to some weeks after the death of the foraminifera (Bernhard,
1988, 2000; Hannah and Rogerson, 1997; Murray and Bowser,
2000). Consequently, this method may lead to a slight overestimation
of the living assemblages. In most ecological studies however, rose
Bengal has been applied (Scott et al., 2001; Murray, 2006). The
Sudan black B method lacks the inherent simplicity of the rose Bengal
technique, and this difference may account for the preferential use of
rose Bengal as a vital stain (Scott et al., 2001).
5.5. Advisory—a rose Bengal concentration of 2 g l−1 of preservative is
recommended
For bio-monitoring studies, we recommend a concentration of 2 g
of rose Bengal per litre of ethanol as described by Lutze and Altenbach
(1991), which is a modiﬁcation of Walton's (1952) method.
5.6. Mandatory—the stain should be added to the preservative prior to its
addition to the samples
This has to be done in order to homogenise the mixture (Lutze,
1964).
5.7. Mandatory—samples have to be shaken gently until entirely
homogenised
This procedure ensures that all sediment clumps are disintegrated
in order to facilitate the diffusion of the preservative and dissolved

































5.8. Mandatory—the minimum time for staining with a preservative—rose
Bengal solution is 14 days
If the samples are sieved earlier, the protoplasm in some tests of
living foraminifera may not be completely impregnated, and they
may show a greenish colour (Lutze and Altenbach, 1991).
5.9. Advisory—in environments where the decay of the dead organisms is
very slow, it is strongly recommended to use more critical vitality assays
Rose Bengal stain is widely used in foraminiferal studies and can
give a reliable temporal integrative picture of the biocoenoses,
which is enough for broad-scale faunistic studies (Bernhard, 2000).
In low-oxic environments, however, the decay of dead cells is slow and
more accurate methods are needed to study the biocoenoses. Two
main techniques (Adenosine Triphosphate analysis and ﬂuorogenic
probes) are available (Bernhard, 2000). Adenosine Triphosphate (ATP)
analysis is a biochemical method to assess the vitality of cells. DeLaca
(1986) adapted this protocol for foraminifera. Advantages of the ATP
analysis include its accuracy and the possibility to assess large living
populations in about the same time as required for traditional staining
methods. A disadvantage of ATP analysis is that the samples need to be
processed within a few hours after sampling, and determination of
volume and wet weight of specimens is indispensable and expensive.
Additionally, in samples with abundant dead tests, it is time-consuming
to pick out and extract all individuals expected to be living. From a time
perspective, the method is impossible to use in routine monitoring in-
volving large numbers of samples. For these reasons, the accurate ATP
method is impractical to apply on board a vessel during bio-monitoring
studies.
Another technique, which allows obtaining accurate data of
biocoenoses uses Cell-Tracker Green 5-chloromethylﬂuorescein dia-
cetate (CTG) ﬂuorogenic probe (Bernhard et al., 2006). Cell-Tracker
Green is a non-ﬂuorescent molecule, which is hydrolysed by non-
speciﬁc esterase, producing a ﬂuorescent compound when observed
with the exact excitation wavelength. When living cells are incubated
in ﬂuorogenic probes such as Cell-Tracker Green, the probe passes
through the cellular membrane, and reaches the cytoplasm where hy-
drolysis with nonspeciﬁc esterase causes the ﬂuorogenic reaction. Un-
like other ﬂuorogenic substances, such as Fluorescent Diacetate, CTG
does not leak out of the cell via ion channels in the cell membrane
once it is incorporated in the cell (Bernhard et al., 2006). After some
hours of incubation with the ﬂuorogenic probes, samples can be ﬁxed
in 4% formalin buffered with borax and the specimens can be analysed
later. The foraminifera that were living at the time of sampling appear
ﬂuorescent under an epiﬂuorenscent stereomicroscope using the
exact excitationwavelengthwhereas the dead foraminifera do not ﬂuo-
resce and appear black. Epiﬂuorescent microscopes are rare and CTG is
expensive, so this technique is recommended for application onlywhen
conventional methods fail as with foraminifera from anoxic habitats
(e.g., Pucci et al., 2009).
6. Sample preparation
6.1. Mandatory—samples are to be washed on a 63 μm screen
Although the 125 μm-fraction should be preferentially used to ob-
tain census data of benthic foraminiferal assemblages in foraminiferal
bio-monitoring as explained below, many ecological studies are based
on assemblages >63 μm (Murray, 2006). In ecological investigations, a
signiﬁcant amount of information on species diversity and dominance
may be lost when only the >125 μm size fraction is considered (Sen
Gupta et al., 1987). In particular, the 63–125 μm fraction often contains
small opportunistic taxa thatmay have a strong response to eutrophica-
tion or pollution phenomena (Mojtahid et al., 2006). The possible bias of
assemblage data can be tested by comparing theproportion of dominant
and common species between the small and larger size fractions by
studying the >63 μm fraction for a minimum number of samples (Sen
Gupta et al., 1987). We therefore recommend that the >63 μm fraction
should always be retained and archived, to facilitate such tests or addi-
tional and more detailed investigations.
6.2. Mandatory—commercially available wet or dry splitters should be
used for sample partitioning
The surface area of 50 cm2 or 8 cm in diameter that we propose for
sampling may contain a larger number of specimens than the target
value of 300 specimens that are needed to assure statistical signiﬁcance
(Patterson and Fishbein, 1989). In this case and to simplify the proce-
dures, splitting of the samplemay be necessary. Commercially available
wet or dry splitters must be used for sample partitioning. These devices
are thoroughly tested and reliable. Wet samples may be split using an
appropriate device for suspension partitioning. There are several
models available and all provide an efﬁcient method to obtain sub-
samples (e.g., Scott and Hermelin, 1993). Standard sediment splitters,
such as the Otto Microsplitter (Scott et al., 1980) can be used for split-
ting residues that have been dried.
6.3. Advisory—as much as possible, heavy liquid separation should be
avoided
Flotation with heavy liquids has been extensively used for the
study of living foraminifera to concentrate their tests and save picking
time (Semsatto and Dias-Britto, 2007). Heavy liquids (such as trichlo-
roethylene, carbon tetrachloride, tetrabromoethane) with a density
lower than that of quartz sand, cause air-ﬁlled foraminifera to ﬂoat,
so that they can be easily separated from mineral grains. However,
Gibson and Walker (1967) demonstrated that ﬂotation of foraminifera
in certain heavy liquids is not perfect and is species-speciﬁc, thereby
producing relative proportions, which are signiﬁcantly different from
the original assemblages. For example, they showed that a highly vari-
able percentage of only 6–71% of all foraminiferal tests was obtained
with carbon tetrachloride. Although Gibson and Walker (1967)
reported a recovery of 97%when ﬂoating in bromoform, our experience
with samples from the North Sea off Helgoland, which were treated
with trichloroethylene (J. Schönfeld et al., unpublished data) showed
that only 63% of the living (stained) assemblages ﬂoated and the agglu-
tinated species were generally largely underrepresented in the concen-
trate. Therefore, the incomplete separation may result in signiﬁcant
errors in species abundances and diversity values.
Additionally, these heavy liquids are generally highly toxic.
Tetrabromoethane (Brem et al., 1974), carbon tetrachloride and trichlo-
roethylene are even carcinogenic (Orme and Kegley, 2004). Therefore
these products have to be handled with special care e.g., fume chamber
and rubber gloves (Murray, 2006), which not only reduces the efﬁciency
of the method, but also represents a danger for human health. In some
countries these chemicals are banned due to their toxicity (Gibson and
Walker, 1967; Scott et al., 2004; Semsatto and Dias-Britto, 2007). For
these reasons their use is not justiﬁed under any circumstances.
If ﬂotation is absolutely necessary, for instance when working with
sands having very low densities of foraminifera, alternative ﬂotation
liquids that are less harmful for the health and the environment may
be used. A saturated zinc chloride solution was tested on wet samples
by Gibson and Walker (1967) but the recovery was not satisfactory. A
better result with this ﬂotation agent was obtained on dry sediments
by Semsatto and Dias-Britto (2007) with 91% of ﬂoated tests, whereas
Gebhardt and Rupp (2008) obtained a less satisfactory percentage of
72%.
Sodium polytungstate solution is also a low-toxic heavy liquid. Al-
though the substance is rather expensive, the solution can be reused
several times (e.g., Gregory and Johnston, 1987; Husum and Hald,











Dias-Britto (2007) obtained a recovery of 96%. However, our experi-
ence with this substance (E. Alve, unpublished) shows that sodium
polytungstate, due to its high viscosity, tends to coat foraminiferal tests.
Therefore, the concentrate has to be carefully washed after ﬂoating. Fur-
thermore, the density of the sodium polytungstate solution must be
checked after every re-use. Overall, this reduces the practicability and
efﬁciency of the method.
In summary, in environmental monitoring studies, where precise
abundances of foraminifera are required, ﬂotation, even with non-
toxic heavy liquids, should be avoided as much as possible because it
may create unpredictably underestimated abundances and biased spe-
cies compositions (Semsatto and Dias-Britto, 2007).
7. Faunal analysis
7.1. Mandatory—studies using foraminifera as ecological indicators
should be based on the living fauna
The living fauna mirrors the foraminiferal response to prevailing
environmental conditions. The dead assemblage represents the succes-
sive accumulation of foraminiferal tests over time depending on species
production and taphonomic factors, such as post-mortem destruction
and redeposition. In most environments, empty tests are much more
abundant than living individuals in sediment samples. Consequently,
total assemblages including both, living and dead specimens, are purely
artiﬁcial though largely resemble the dead assemblages. In order to
carry out an ecological study applying foraminiferal presence, abun-
dance and distribution as indicators of environmental inﬂuences, only
the living fauna should be used. In certain environments, the dead as-
semblages can also provide important information but they may be bi-
ased by post-mortem processes.
7.2. Mandatory—for at least one replicate per station, all counted forami-
nifera have to be picked out and stored in micropalaeontological slides
By applying this archiving procedure, identiﬁcation of species can
be discussed with and veriﬁed by other experts. Such reference slides
are essential for achieving a taxonomic consistency. Unless restricted
by legal contracts, reports presenting the census data must state
where the reference slides are stored and how they are accessible.
The species determination should be compared with the holotype
description as provided by the Ellis and Messina (since 1940) catalogue
(http://www.micropress.org/em/) or other sources available. The cur-
rent genus name and established synonymies should be updated by con-
sulting the European Register of Marine Species (ERMS, http://www.
marbef.org/data/erms.php), the World Register of Marine Species
(WORMS, http://www.marinespecies.org/) or the Integrated Taxonomic
Information System (ITIS, http://www.itis.gov/).
7.3. Mandatory—the study should be based on the faunal inventory of the
>125 μm-fraction
Although most benthic foraminifera are b1 mm in size, the size
varies substantially between species. Also, variations in population
dynamics and different species' responses to environmental forcing
cause variability in the size distribution between different communi-
ties. At present, no consensus exists concerning the size fraction on
which benthic foraminiferal analyses should be based. The most com-
monly used fractions in ecological studies are >63, >125 and >150 μm.
Some have used >50 μm, >74 μm, and, in polar regions, the size fraction
>100 μm has also been used extensively. As pointed out by several
authors, studying the larger fraction only, may cause underrepresen-
tation or even the absence of some smaller species and juveniles
(e.g., Schröder et al., 1987; Duchemin et al., 2007). Still, it has been
shown that the diversity and assemblage composition of both the
ﬁne (63–125 μm) and the coarse (>125 μm) fraction of benthic
foraminiferal assemblages are signiﬁcantly correlated with two
year minimum values of bottom water dissolved oxygen concentra-
tions (Min[O2]2 years) (Bouchet et al., 2012). Diversity indices and
assemblage composition are commonly used indicators of ecological
status. Hence, because both the ﬁne and the coarse fraction of benthic fo-
raminiferal assemblages seem to adequately reﬂect an important envi-
ronmental parameter such as dissolved oxygen, and because analysing
the >125 μm-fraction is less time consuming than analysing the
>63 μm-fraction, the >125 μm-fraction seems to be an optimal choice
for monitoring Ecological Quality Status (Bouchet et al., op. cit.). Finally,
the >63 μm-fraction contains a higher proportion of unidentiﬁable juve-
niles and therefore the census data may have a lower statistical
conﬁdence.
7.4. Advisory—in certain environments it may be necessary to use the
>63 μm fraction
Although certain benthic foraminiferal species can survive anoxia
for weeks to months (e.g., Moodley et al., 1997; Piña-Ochoa et al.,
2010), they cannot live and reproduce under permanently anoxic
conditions (Bernhard and Reimers, 1991; Alve, 1995b). Unless excess
supply of organic material has caused permanently anoxic sediment
pore-waters, eutrophic areas commonly support abundant small-
sized species with a high turnover rate (e.g., Phleger and Soutar,
1973; Alve, 2003). In such environments itmay be necessary to analyse
the entire >63 μm-fraction (i.e., not only the >125 μm). Note that in
such cases the 63–125 and>125 μm-fractions should always be studied
separately, to stay compatible with surveys in other areas. It is essential
to analyse the same split size for each of the two size fractions
(63–125 μm and >125 μm), so that the original proportions between
individuals in the two fractions aremaintained. A dissectingmicroscope
with 100× magniﬁcation is necessary to reliably identify small-sized
species.
7.5. Advisory—a target value of at least 300 specimens per sample is
recommended
A count of 300 individuals is recommended to precisely determine
the relative abundance of a species that comprises about 10% of the
fauna. More specimens may be needed to assess the proportions of
less abundant species with certainty (Patterson and Fishbein, 1989).
For calculation of species diversity indices, 250 individuals are ade-
quate (Bouchet et al., 2012). When the fauna consists of a few species
only, for instance in marginal marine environments, it may be sufﬁ-
cient to count about 100 specimens in order to assess the diversity
(Fatela and Taborda, 2002). We recommend that a rationale should
be provided once the number of counted specimens is lower than
300. In some, particularly oligotrophic areas, it may not be possible to
obtain 300 individuals from a sample with a surface area of 50 cm2,
and consequently all available specimens in the sample should be
picked.
7.6. Advisory—the same split-size should preferentially be studied for all
samples
To use the same size for all studied samples is essential in order to
enable comparison of the number of species between different samples
because the number of species is sample-size dependent. For compara-
tive reasons, it is also desirable to analyse samples, which represent the
same area. However, since the number of individuals can vary up to
hundred-fold or more between samples, sub-sampling, for instance
splitting into 1/2 or 1/4,may be necessary. Before starting the foraminif-
era count, a quick estimation of the density of all samples should be
made in order to choose the adequate split size. Within the same











ensure comparability and to facilitate a robust statistical treatment of
faunal data.
7.7. Mandatory—splits are always to be counted entirely
The distribution of specimens in the sample studied, on the picking
tray or in the petri dish is not even andhomogeneous. Thewrongnumber
of specimens and a non-representative species composition will be
obtained if the census is terminated when the required 250 or 300
specimens are collected and parts of the sample are left unregarded
(Boltovskoy and Wright, 1976). Splits are therefore to be counted
entirely.
7.8. Advisory—wet or dry picking are both considered appropriate
A highly signiﬁcant positive correlation is shown between the
diversity of wet-picked and dry-picked assemblages and the same
seems to apply for the assemblage composition (Bouchet et al., 2012).
As no evidences for a signiﬁcant difference between the two methods
were reported to date, they can be used as equivalent. However, reliable
comparisons require consistency in the methodology used, the same
method should be used consistently within the same study and, prefer-
ably, within the same geographical region. In case of wet-picking, sam-
ples are either to be screened under ethanol or tap water. Distilled
water typically has a low pH of 5.5 to 6.5, it dissolves the test walls of
calcareous species, and it has to be avoided.
7.9. Advisory—the colouration intensity of specimens considered as living
should be assessed for every individual species
The coloration of rose Bengal stained specimens considered living at
the time of sampling may vary among species. For instance in marginal
marine foraminifera, Ammonia tepida is light rose, Haynesina germanica
is more intense, like a raspberry, and Elphidium excavatum is yellowish
dark red, all occurring in the same sample. Among other Rotaliids,
most Polymorphinids always have a very bright stain, whereas staining
is very dull in Cancris auriculus, Nonion scaphum or Valvulineria
bradyana. Globobulimina species show a frothy cytoplasm that absorbs
only little stain and appears brownish violet. In general, arenaceous spe-
cies show a darker colour tone than calcareous tests of Rotaliids. For
these reasons, staining criteria will be different for each taxon. If agglu-
tinated tests are composed of both, large and ﬁne particles, the stained
protoplasm is often only visible through large quartz grains (Lutze and
Altenbach, 1991).
7.10. Advisory—during counting and identiﬁcation, re-wetting dry-picked
specimens can help assess the staining
This applies particularly to specieswith opaque tests like thick-shelled
miliolids and certain agglutinated forms.
7.11. Advisory—breaking the tests of some miliolids and agglutinants to
check for cytoplasm may be necessary
For thick-shelled, opaque tests it may be necessary to break the test
open, e.g., with a needle, after identiﬁcation in order to check if they
contain stained cytoplasm. Stain in the apertural region may indicate
a live (stained) individual andwarrants further investigation bywetting
or breaking of the test.
7.12. Mandatory—soft-shelled, organic-walled species are not considered
in routine monitoring studies
Although they represent a signiﬁcant part of marine benthic com-
munities, many allogromiid species are small and easily overlooked.
They lack diagnostic features and cannot be identiﬁed consistently
on a morphological basis, and hence they are often undescribed and
knowledge about their distribution and ecology is scarce. Allogromiids
are time-consuming to sort, and have a very low fossilisation potential
(Gooday, 2002). In a comprehensive study covering environments
ranging from fully oxic to anoxic bottom-water conditions, excluding
the organic-walled species did not lead to a signiﬁcant loss of ecological
information (Bouchet et al., 2012).
7.13. Advisory—analyses of the dead assemblages may provide important
additional information
In sediment accumulation areas, the empty tests constituting the
dead foraminiferal assemblage can provide information about envi-
ronmental and biological changes over decades, or even longer pe-
riods, whether they were natural or induced by human activities.
Hence, analyses of dead assemblages in dated sediment cores can
quantitatively describe potential in situ, temporal changes in ecological
status from reference or pre-impacted conditions through to present-
day environmental situations (Alve, 1991; Cearreta et al., 2002; Ruiz
et al., 2004; Alve et al., 2009). This way, benthic foraminifera offer a
time-perspective, which is unique, compared to traditional environ-
mental monitoring strategies.
8. Documentation
8.1. Mandatory—census data and slides with picked specimens have to
be archived
A list of all recognised species has to be archived. They are to be
listed as regular taxonomic references with genus and species name,
author's name and date. The original counting sheets and prints of
census data tables have to be kept and archived. This allows a later
re-assessment of faunal data in case inconsistencies or numerical
outliers are found. An electronic submission of the data to a long-term
archive, such as PANGAEA (http://www.pangaea.de), is required. In
the PANGAEA database, only published data sets are available to the
public whereas working data are kept conﬁdential (e.g., Fleischer and
Jannaschk, 2011).
A growing number of genetic investigations demonstrate that species
concepts of many marginal marine foraminifera need to be adapted
(e.g. Hayward et al., 2004; Schweizer et al., 2011). It is therefore essential
that all slides with picked specimens are archived in a publicly accessi-
ble collection or reference centre. This ensures that current species con-
cepts of the investigators are documented and later revisions are
possible.
8.2. Mandatory—all available laboratory data are to be documented and
archived
This includes sample volumes, weights of residues and size fractions,
andweights of subsamples or splits thatweremade for faunal analyses as
essential information. A record of laboratory procedures and preparation
steps as well as chemical substances involved is required. An accurate
documentation complies with the OECD (Organization for Economic
Co-operation and Development) principles of Good Laboratory Practice
and ensures compatibility among different laboratories. The laboratory
data offer the possibility to recalculate species abundance or faunal
densities if required in the future.
8.3. Advisory—if available, untreated sample replicates or splits are to be
archived
This facilitates a later re-examination of different grain-size frac-
tions, biometric studies of certain species, geochemical and stable
isotope analyses. Such samples are also important for foraminiferal











environmental change in certain areas (Schönfeld and Numberger,
2007b), and itwill help to track themigrations and persistency of invasive
species (e.g., McGann et al., 2000; Nikulina et al., 2008).
9. Conclusions
This paper proposes a detailed protocol for foraminiferal bio-
monitoring studies, including all aspects of sample acquisition, replica-
tion, sub-sampling, sample preservation, staining, sample treatment,
faunal analysis, documentation and data management. In all cases, our
recommendations respect correct scientiﬁc procedures, but are also
motivated by the need to be practical and time-efﬁcient. Our recom-
mendations fall into two categories (Table 1).
Mandatory recommendations have to be respected if the bio-
monitoring study wants to concur to the future FOBIMO norms. The
most important of these concern living assemblages and include the
following (Table 1):
• An interface corer or box corer that keeps the sediment surface
undisturbed is to be used for offshore surveys in soft sediments;
grab sampler should not be used except for qualitative studies on
hard grounds.
• Three replicate samples are to be taken and analysed separately.
• The interval from 0 to 1 cm below the sediment surface should be
sampled.
• Samples are to be washed on a 63-μm screen.
• The living benthic foraminiferal fauna of the >125 μm fraction is to
be analysed.
• Wet or dry splitters should be used for sample partitioning, and entire
splits should be counted.
• Soft-shelled foraminifera should not be included in routine forami-
niferal bio-monitoring studies.
• All counted foraminifera from one replicate per station have to be
stored in micropalaeontological slides.
• Census data, supplementary laboratory data and microslides have
to be archived.
The most important advisory recommendations are:
• The sample size should be 50 cm2, which corresponds to a tube of
8 cm inner diameter.
• Ethanol with a concentration of more than 70% is recommended as
a preservative.
• Rose Bengal at a concentration of 2 g per litre ethanol is advised for
staining, the stain should be added to the preservative before the
alcohol is poured to the sample, and a staining time of at least
14 days is necessary.
• Heavy liquid separation should be avoided.
• In some environments, particularly eutrophic ones, itmay be necessary
to analyse the >63 μm fraction.
• Wet and dry picking are both considered appropriate.
• The analysis of dead assemblages may yield very important addi-
tional information about pre-impacted conditions.
• The study of the living fauna of deeper sediment levels may also
yield extra information.
• If possible, untreated samples should be preserved and stored for
further studies.
We are convinced that the general application of the standardised
methods proposed in this paper will facilitate the use of foraminifera
in bio-monitoring studies, and will lead to a general acceptance of this
powerful tool. This is essential in a context where monitoring of the
anthropogenic impact in vulnerable marine areas and long-term ob-
servations of climatic induced environmental changes has become
an absolute necessity.
Acknowledgements
We acknowledge the Swiss National Science Foundation Interna-
tional Exploratory Workshop Grant IZ32Z0-135895/1 and the Fonds
de Recherche of the University of Fribourg for funding the FOBIMO
Workshop. Christopher Dufﬁeld and Maria Pia Nardelli are thanked for
valuable suggestions on a ﬁrst draft of the manuscript. Jpek Barutif,
Monica Constandache, and Jan Pawlowskimade contributions to the dis-
cussions during theworkshop.We appreciate the input of Angel Borja to
the discussions and his suggestions on earlier versions of this paper. Fi-
nally, we acknowledge the comments and suggestions of Richard Jordan
as Editor, Bruce Hayward and one anonymous reviewer, which signiﬁ-
cantly improved the manuscript.
References
Abbene, I.J., Culver, S.J., Corbett, D.R., Buzas, M.A., Tully, L.S., 2006. Distribution of forami-
nifera in Pamlico Sound, North Carolina, over the past century. Journal of Foraminif-
eral Research 36, 135–151.
Alve, E., 1991. Foraminifera, climatic change and pollution: a study of Late Holocene
sediments in Drammensfjord, SE Norway. The Holocene 1, 243–261.
Alve, E., 1995a. Benthic foraminiferal responses to estuarine pollution: a review. Journal
of Foraminiferal Research 25, 190–203.
Alve, E., 1995b. Benthic foraminiferal distribution and recolonization of formerly anoxic
environments in Drammensfjord, southern Norway. Marine Micropaleontology 25,
169–186.
Alve, E., 2003. A common opportunistic foraminiferal species as an indicator of rapidly
changing conditions in a range of environments. Estuarine, Coastal and Shelf Science
57, 501–514.
Alve, E., Lepland, A., Magnusson, J., Backer-Owe, K., 2009. Monitoring strategies for re-
establishment of ecological reference conditions: possibilities and limitations. Marine
Pollution Bulletin 59, 297–310.
Alve, E., Murray, J.W., 2001. Temporal variability in vertical distributions of live (stained)
intertidal foraminifera, southern England. Journal of Foraminiferal Research 31,
12–24.
Anderson, O.R., Bé, A.W.H., 1978. Recent advances in foraminiferal ﬁne structure re-
search. In: Hedley, R.H., Adams, C.G. (Eds.), Foraminifera 1, 122–202.
ANSI, 2007. ISO 16665:2005 Water quality—guidelines for quantitative sampling and
sample processing of marine soft-bottom macrofauna. American National Standards
Institute, Washington D.C. 38 pp.
Bandy, O.L., Ingle, J.C., Resig, J.M., 1964a. Foraminiferal trends, Laguna Beach outfall
area, California. Limnology and Oceanography 9, 112–123.
Bandy, O.L., Ingle, J.C., Resig, J.M., 1964b. Foraminifera, Los Angeles County outfall area,
California. Limnology and Oceanography 9, 124–137.
Bandy, O.L., Ingle, J.C., Resig, J.M., 1965a. Foraminiferal trends, Hyperion outfall, California.
Limnology and Oceanography 10, 314–332.
Bandy, O.L., Ingle, J.C., Resig, J.M., 1965b. Modiﬁcation of foraminiferal distribution by
the Orange County outfall, California. Ocean Science and Ocean Engineering
1965, 55–76.
Barnett, P.R.O., Watson, J., Connelly, D., 1984. A multiple corer for taking virtually
undisturbed samples from shelf, bathyal and abyssal sediments. Oceanologica
Acta 7, 399–408.
Barras, C., Fontanier, C., Jorissen, F., Hohenegger, J., 2010. A comparison of spatial and
temporal variability of living benthic foraminiferal faunas at 550 m depth in the
Bay of Biscay. Micropaleontology 56, 275–295.
Bernhard, J.M., 1988. Postmortem vital staining in benthic foraminifera: duration and
importance in population and distributional studies. Journal of Foraminiferal Re-
search 18, 143–146.
Bernhard, J.M., 2000. Distinguishing live from dead foraminifera: methods review and
proper applications. Micropaleontology 46, 38–46.
Bernhard, J.M., Ostermann, D.R., Williams, D.S., Blanks, J.K., 2006. Comparison of two
methods to identify live benthic foraminifera: a test between rose Bengal and
CellTracker Green with implications for stable isotope paleoreconstructions.
Paleoceanography 21 (art. no. PA4210).
Bernhard, J.M., Reimers, C.E., 1991. Benthic foraminiferal population ﬂuctuations related
to anoxia: Santa Barbara Basin. Biogeochemistry 15, 127–149.
Bernstein, B.B., Hessler, R.R., Smith, R., Jumars, P.A., 1978. Spatial dispersion of benthic
foraminifera in the abyssal central North Paciﬁc. Limnology and Oceanography 23,
401–416.
Bett, B.J., Vanreusel, A., Vincxs, M., Soltwedel, T., Pfannkuche, O., Lambshead, P.J.D.,
Gooday, A.J., Ferrero, T., Dinet, A., 1994. Sampler bias in the quantitative study of
deep-sea meiobenthos. Marine Ecology Progress Series 104, 197–203.
Boltovskoy, E., Wright, R., 1976. Recent Foraminifera. W. Junk Publishers, The Hague.
51 pp.
Borja, A., Bricker, S.B., Dauer, D.M., Demetriades, N.T., Ferreira, J.G., Forbes, A.T.,
Hutchings, P., Jia, X., Kenchington, R., Marques, J.C., Zhu, C., 2008. Overview of inte-
grative tools and methods in assessing ecological integrity in estuarine and coastal
systems worldwide. Marine Pollution Bulletin 56, 1519–1537.
Borja, A., Dauer, D.M., 2008. Assessing the environmental quality status in estuarine












Borja, A., Franco, J., Pérez, V., 2000. A marine Biotic Index to establish the ecological
quality of soft-bottom benthos within European estuarine and coastal environ-
ments. Marine Pollution Bulletin 40, 1100–1114.
Borja, A., Josefson, A.B., Miles, A., Muxika, A.I., Olsgard, F., Phillips, G., Rodriguez, J.G.,
Rygg, B., 2007. An approach to the intercalibration of benthic ecological status as-
sessment in the North Atlantic ecoregion, according to the European Water Frame-
work Directive. Marine Pollution Bulletin 55, 42–52.
Borja, A., Miles, A., Occhipinti-Ambrogi, A., Berg, T., 2009. Current status of
macroinvertebrate methods used for assessing the quality of European marine wa-
ters: implementing the Water Framework Directive. Hydrobiologia 633, 181–196.
Bouchet, V.M.P., Debenay, J.-P., Sauriau, P.-G., Radford-Knoery, J., Soletchnik, P., 2007.
Effects of short-term environmental disturbances on living benthic foraminifera
during the Paciﬁc oyster summer mortality in the Marennes-Oleron Bay (France).
Marine Environmental Research 64, 358–383.
Bouchet, V.M.P., Alve, E., Rygg, B., Telford, R.J., 2012. Benthic foraminifera provide a
promising tool for ecological quality assessment of marine waters. Ecological Indica-
tors 23, 66–75.
Bouma, A.H., Marshall, N.F., 1964. A method for obtaining and analyzing undisturbed
oceanic sediment samples. Marine Geology 2, 81–99.
Brasier, M.D., 1975. Ecology of Recent sediment-dwelling and phytal foraminifera from
the lagoons of Barbuda, West Indies. Journal of Foraminiferal Research 5, 42–61.
Brem, H., Stein, A.B., Rosenkranz, H.S., 1974. The mutagenicity and DNA-modifying effect
of haloalkanes. Cancer Research 34, 2576–2579.
Buzas, M.A., 1970. Spatial homogeneity: statistical analyses of unispecies and multi-
species populations of foraminifera. Ecology 51, 874–879.
Buzas, M.A., Hayek, L.C., Reed, S.A., Jett, J.A., 2002. Foraminiferal densities over ﬁve
years in the Indian River lagoon, Florida: a model of pulsating patches. Journal of
Foraminiferal Research 32, 68–92.
Cearreta, A., Irabien, M.J., Leorri, E., Yusta, I., Croudace, I.W., Cundy, A.B., 2000. Recent
anthropogenic impacts on the Bilbao Estuary, Northern Spain: geochemical and
microfaunal evidence. Estuarine, Coastal and Shelf Science 50, 571–592.
Cearreta, A., Irabien, M.J., Leorri, E., Yusta, I., Quintanilla, A., Zabaleta, A., 2002. Environ-
mental transformation of the Bilbao estuary, N. Spain: microfaunal and geochemical
proxies in the recent sedimentary record. Marine Pollution Bulletin 44, 487–503.
Dauvin, J.C., 2007. Paradox of estuarine quality: benthic indicators and indices, consensus
or debate for the future. Marine Pollution Bulletin 55, 271–281.
DeLaca, T.E., 1986. Determination of benthic rhizopod biomass using ATP analysis.
Journal of Foraminiferal Research 16, 285–292.
Diaz, R.J., Solan, M., Valente, R.M., 2004. A review of approaches for classifying benthic
habitats and evaluating habitat quality. Journal of Environmental Management 73,
165–181.
Duchemin, G., Fontanier, G., Jorissen, F.J., Barras, C., Griveaud, C., 2007. Living small-sized
(63–150 μm) foraminifera from mid-shelf to mid-slope environments in the Bay of
Biscay. Journal of Foraminiferal Research 37, 12–32.
Duchemin, G., Jorissen, F.J., Le Loch, F., Andrieux-Loyer, F., Hily, C., Thouzeau, G., 2008.
Seasonal variability of living benthic foraminifera from the outer continental shelf
of the Bay of Biscay. Journal of Sea Research 59, 297–319.
Ellis, B.F., Messina, A., since 1940. Catalogue of foraminifera. Micropaleontology Press,
New York. (http://www.micropress.org/em/).
European Commission, 2003. Common Implementation Strategy for the Water Frame-
work Directive (2000/60/EC). Guidance document no. 5. Transitional and Coastal
Waters: Typology, Reference Conditions and Classiﬁcation Systems. Ofﬁce for ofﬁcial
publications of the European Communities, Luxembourg. 108 pp.
European Commission, 2010. Commission Decision of 1 September 2010 on criteria
andmethodological standards on good environmental status of marine waters (no-
tiﬁed under document C(2010) 5956)(2010/477/EU). Ofﬁcial Journal of the European
Union L232, 12–24.
European Parliament, 2008. Directive 2008/56/ec of the European Parliament and of
the Council of 17 June 2008, establishing a framework for community action in
the ﬁeld of marine environmental policy (Marine Strategy Framework Directive).
Ofﬁcial Journal of the European Union L 164/19 (http://eur-lex.europa.eu/
LexUriServ/LexUriServ.do?uri=OJ:L:2008:164:0019:0040:EN:PDF).
Fatela, F., Taborda, R., 2002. Conﬁdence limits of species proportions in microfossil as-
semblages. Marine Micropaleontology 45, 169–174.
Fleischer, D., Jannaschk, K., 2011. A path to ﬁlled archives. Nature Geoscience 4,
575–576.
Fontanier, C., Jorissen, F.J., Chaillou, G., David, C., Anschutz, P., Lafon, V., 2003. Seasonal
and interannual variability of benthic foraminiferal faunas at 550 m depth in the
Bay of Biscay. Deep-Sea Research I 50, 457–494.
Gebhardt, H., Rupp, C., 2008. Vergleich der Anreicherung von Foraminiferenschalen und
anderer Mikrofossilienaus sandigen Sedimenten mit Hilfe von Zinkchlorid-Lösung und
Tetrachlorkohlenstoff. Jahrbuch der Geologischen Bundesandstalt Wien 148, 177–181.
Gibson, T.G., Walker, W.M., 1967. Flotation method for obtaining foraminifera from
sediment samples. Journal of Paleontology 41, 1294–1297.
Gooday, A.J., 2002. Organic-walled allogromiids: aspects of their occurrence, diversity
and ecology in marine habitats. Journal of Foraminiferal Research 32, 384–399.
Gooday, A.J., Bernhard, J.M., Levin, L.A., Suhr, S.B., 2000. Foraminifera in the Arabian Sea
oxygen minimum zone and other oxygen-deﬁcient settings: taxonomic composi-
tion, diversity, and relation to metazoan faunas. Deep-Sea Research II 47, 25–54.
Grall, J., Glemarec, M., 1997. Using biotic indices to estimate macrobenthic community
perturbations in the Bay of Brest. Estuarine, Coastal and Shelf Science 44, 43–53.
Gregory, M., Johnston, K.A., 1987. A nontoxic substitute for hazardous heavy liquids—
aqueous sodium polytungstate (3Na2WO4·9WO3·H2O) solution. New Zealand
Journal of Geology and Geophysics 30, 317–320.
Griveaud, C., Jorissen, F.J., Anschutz, P., 2010. Spatial variability of live benthic forami-
niferal faunas on the Portuguese margin. Micropaleontology 56, 297–322.
Gustafsson, M., Nordberg, K., 1999. Benthic foraminifera and their response to hydrography,
periodic hypoxic conditions and primary production in the Koljö fjord in the Swedish
west coast. Journal of Sea Research 41, 163–178.
Gustafsson, M., Nordberg, K., 2001. Living (stained) benthic foraminiferal response to
primary production and hydrography in the deepest part of the Gullmar Fjord,
Swedish West Coast, with comparisons to Höglund's 1927 material. Journal of
Foraminiferal Research 31, 2–11.
Hall, S.J., Raffaelli, D., Thrush, S.F., 1994. Patchiness and disturbance in shallow water
benthic assemblages. In: Giller, P.S., Hildrew, A.G., Raffaelli, D.G. (Eds.), Aquatic
Ecology: Scale, Pattern and Process. Blackwell Scientiﬁc Publications, Oxford, pp.
333–375.
Hallock, P., Lidz, B.H., Cockey-Burkhard, E.M., Donnelly, K.B., 2003. Foraminifera as bio-
indicators in coral reef assessment and monitoring: the FORAM Index. Environ-
mental Monitoring and Assessment 81, 221–238.
Hannah, F., Rogerson, A., 1997. The temporal and spatial distribution of foraminiferans
in marine benthic sediments of the Clyde Sea, Scotland. Estuarine, Coastal and
Shelf Science 44, 377–383.
Haslett, S.K. (Ed.), 2002. Quaternary Environmental Micropalaeontology. Arnold, London.
340 pp.
Hayward, B.W., Holzmann, M., Grenfell, H.R., Pawlowski, J., Triggs, C.M., 2004. Morpho-
logical distinction of molecular types in Ammonia—towards a taxonomic revision of
the world's most commonly misidentiﬁed foraminifera. Marine Micropaleontology
50, 237–271.
Hemleben, C., Spindler, M., Anderson, O.R., 1989. Modern Planktonic Foraminifera.
Springer-Verlag. 363 pp.
Hering, D., Borja, A., Carstensen, J., Carvalho, L., Elliott, M., Feld, C.K., Heiskanen, H.S.,
Johnson, R.K., Moe, J., Pont, D., Solheim, A.L., Van den Bund, W., 2010. The European
Water Framework Directive at the age of 10: a critical review of the achievements
with recommendations for the future. Science of the Total Environment 408,
4007–4019.
Hurlbert, S.H., 1984. Pseudoreplication and the design of ecological ﬁeld experiments.
Ecological Society of America, Ecological Monographs 54, 187–211.
Horton, B.P., Edwards, R.J., 2006. Quantifying Holocene sea-level change using intertidal
foraminifera: lessons from the British Isles. Cushman Foundation for Foraminiferal
Research Special Publication 40, 1–97.
Hughes, A., Gooday, A.J., 2004. Association between living benthic foraminifera and
dead tests of Syringammina fragilissima (Xenophyophorea) in the Darwin Mounds
region (NE Atlantic). Deep-Sea Research I 51, 1741–1758.
Husum, K., Hald, M., 2004. Modern foraminiferal distribution in the subarctic Malangen
fjord and adjoining shelf, northern Norway. Journal of Foraminiferal Research 34,
134–148.
Hyams-Kaphzan, O., Almogi-Labin, A., Benjamini, C., Herut, B., 2009. Natural
oligotrophy vs. pollution-induced eutrophy on the SE Mediterranean shallow
shelf (Israel): environmental parameters and benthic foraminifera. Marine Pollu-
tion Bulletin 58, 1888–1902.
Jones, R.W., Charnock, M.A., "1985. “Morphogroups” of agglutinating foraminifera.
Their life positions and feeding habits and potential applicability in (paleo)ecolog-
ical studies. Revue de Paléobiologie 4, 111–320.
Jorissen, F.J., Bicchi, E., Duchemin, G., Durrieu, J., Galgani, F., Cazes, L., Gaultier, M.,
Camps, R., 2009. Impact of oil-based drill mud disposal on benthic foraminiferal as-
semblages on the continental margin off Angola. Deep-Sea Research II 56,
2270–2291.
Josefson, A.B., Blomqvist, M., Hansen, J.L.S., Rosenberg, R., Rygg, B., 2009. Assessment of
marine benthic quality change in gradients of disturbance: comparison of different
Scandinavian multi-metric indices. Marine Pollution Bulletin 58, 1263–1277.
Kemp, A.C., Buzas, M.A., Horton, B.P., Culver, S.J., 2011. Inﬂuence of patchiness on modern
salt-marsh foraminifera used in sea-level studies (North Carolina, USA). Journal of
Foraminiferal Research 41, 114–123.
Kitazato, H., 1988. Ecology of benthic foraminifera in the tidal zone of a rocky shore.
Revue de Paléobiologie 2, 815–825.
Kitazato, H., Shirayama, Y., Nakatsuka, T., Fujiwara, S., Shimanaga, M., Kato, Y., Okada,
Y., Kanda, J., Yamaoka, A., Masukawa, T., Suzuki, K., 2000. Seasonal phytodetritus
deposition and responses of bathyal benthic foraminiferal populations in Sagami
Bay, Japan: preliminary results from “Project Sagami 1996–1999”. Marine Micro-
paleontology 40, 135–149.
Lehmann, G., 2000. Vorkommen, Populationsentwicklung, Ursache ﬂächenhafter
Besiedlung und Fortpﬂanzungsbiologie von Foraminiferen in Salzwiesen und
Flachwasser der Nord- undOstseeküste Schleswig-Holsteins. Doctoral Thesis, University
of Kiel, Germany, http://eldiss.uni-kiel.de/macau/receive/dissertation_diss_413.
Leorri, E., Cearreta, A., Irabien, M.J., Yusta, I., 2008. Geochemical and microfaunal prox-
ies to assess environmental quality conditions during the recovery process of a
heavily polluted estuary: the Bilbao estuary case (N. Spain). Science of the Total
Environment 396, 12–27.
Lim, K.K.P., Sivasothi, N., 2004. A guide to methods of preserving animals specimens in
liquid preservatives. Originally prepared for the Zoo Hons '94 ﬁeld courses. (http://
preserve.sivasothi.com/).
Lipps, J.H., Langer, M.R., 1999. Benthic foraminifera from the meromictic Mecherchar
Jellyﬁsh Lake, Palau (Western Paciﬁc). Micropaleontology 45, 278–284.
Lutze, G.-F., 1964. Zum Färben rezenter Foraminiferen. Meyniana 14, 43–47.
Lutze, G.-F., Altenbach, A., 1991. Technik und Signiﬁkanz der Lebendfarbung
benthischer Foraminiferen mit Bengalrot. Geologisches Jahrbuch A 128, 251–265.
Martin, R.E. (Ed.), 2000. Environmental Micropaleontology: The Application of Micro-
fossils to Environmental Geology. Kluwer Academic/Plenum Publishers, New
York. 481 pp.
Maybury, C.A., Gwynn, I.A., 1993. Wet processing of recent calcareous foraminifera:











McGann, M., Sloan, D., Cohen, A.N., 2000. Invasion by a Japanese marine microorganism
in western North America. Hydrobiologia 421, 25–30.
McIntyre, A.D., 1969. Ecology of marine meiobenthos. Biological Reviews 44, 245–288.
McIntyre, A.D., 1971. Deﬁciency of gravity corers for sampling meiobenthos and sedi-
ments. Nature 231, 260.
Meischner, D., Rumohr, J., 1974. A light-weight, high-momentum gravity corer for sub-
aqueous sediments. Senckenbergiana Maritima 6, 105–117.
Mojtahid, M., Jorissen, F., Durrieu, J., Galgani, F., Howa, H., Redois, F., Camps, R., 2006.
Benthic foraminifera as bio-indicators of drill cutting disposal in tropical east Atlantic
outer shelf environments. Marine Micropaleontology 61, 58–65.
Moodley, L., Hess, C., 1992. Tolerance of infaunal benthic foraminifera for low and high
oxygen concentrations. Biological Bulletin 183, 94–98.
Moodley, L., van der Zwaan, G.J., Herman, P.M.J., Kempers, L., van Breugel, P., 1997. Differ-
ential response of benthic meiofauna to anoxiawith special reference to Foraminifera
(Protista: Sarcodina). Marine Ecology Progress Series 158, 151–163.
Morvan, J., Debenay, J.-P., Jorissen, F., Redois, F., Bénéteau, E., Delplancke, M., Amato, A.-
S., 2006. Patchiness and life cycle of intertidal foraminifera: implication for envi-
ronmental and paleoenvironmental interpretation. Marine Micropaleontology 61,
131–154.
Murdoch, A., MacKnight, S., 1994. Handbook of techniques for aquatic sediments
sampling. Lewis, Boca Raton. 236 pp.
Murray, J.W., 1970. The Foraminifera of the hypersaline Abu Dhabi lagoon, Persian Gulf.
Lethaia 3, 51–68.
Murray, J.W., 2000. When does environmental variability become environmental
change? The proxy record of benthic foraminifera. In: Martin, R.E. (Ed.), Environmen-
tal Micropaleontology: The Application of Microfossils to Environmental Geology.
Kluwer Academic/Plenum Publishers, New York, pp. 7–37.
Murray, J.W., 2006. Ecology and Applications of Benthic Foraminifera. Cambridge University
Press, Cambridge. 426 pp.
Murray, J.W., Alve, E., 2000. Major aspects of foraminiferal variability (standing crop
and biomass) on a monthly scale in an intertidal zone. Journal of Foraminiferal Re-
search 30, 177–191.
Murray, J.W., Bowser, S.S., 2000. Mortality, protoplasm decay rate, and reliability of
staining techniques to recognize ‘living’ foraminifera: a review. Journal of Foraminiferal
Research 30, 66–77.
Niemistö, L., 1974. A gravity corer for studies of soft sediments. Merentutkimuslait.
Julk/Havsforskningsinst. Helsinki Skr. 238, 33–38.
Nikulina, A., Polovodova, I., Schönfeld, J., 2008. Foraminiferal response to environmental
changes in Kiel Fjord, SW Baltic Sea. eEarth 3, 1–13.
Orme, S., Kegley, S., 2004. PAN Pesticide Database, Pesticide Action Network, North
America. San Francisco, CA, http://www.pesticideinfo.org
Patterson, R.T., Fishbein, E., 1989. Re-examination of the statistical methods used to de-
termine the number of point counts needed for micropaleontological quantitative
research. Journal of Paleontology 63, 245–248.
Phleger, F.B., Soutar, A., 1973. Production of benthic foraminifera in three east Paciﬁc
oxygen minima. Micropaleontology 19, 110–115.
Piña-Ochoa, E., Koho, K.A., Geslin, E., Risgaard-Petersen, N., 2010. Survival and life strategy of
foraminiferan Globobulimina turgida through nitrate storage and denitriﬁcation. Marine
Ecology Progress Series 417, 39–49.
Poag, C.W., 1982. Environmental applications of test-to-substrate attachment among some
modern sublittoral foraminifera. Geological Society of America Bulletin 93, 252–268.
Pucci, F., Geslin, E., Barras, C., Morigi, C., Sabbatini, A., Negri, A., Jorissen, F., 2009. Survival
of benthic foraminifera under hypoxic conditions: results of an experimental study
using the Cell Tracker Green method. Marine Pollution Bulletin 59, 336–351.
Raffaelli, D., Bell, E., Weithoff, G., Matsumoto, A., Cruz-Motta, J.J., Kershaw, P., Parker, R.,
Parry, D., Jones, M., 2003. The ups and downs of benthic ecology: considerations of
scale, heterogeneity and surveillance for benthic-pelagic coupling. Journal of Ex-
perimental Marine Biology and Ecology 285–286, 191–203.
Rees, H.L., Bergman, M.J.N., Birchenhough, S.N.R., Borja, A., Boyd, S.E., Brown, C.J., Buhl-
Mortensen, L., Callaway, R., Connor, D.W., Cooper, K.M., Davies, J., de Boois, I.,
Gilkinson, K.D., Gordon, D.C., Hillewaert, H., Kautsky, H., de Kluyver, M., Kröncke,
I., Limpenny, D.S., Meadows, W.J., Parra, S., Pennington, S.E., Rachor, E., Rees, H.L.,
Reiss, H., Rumohr, H., Schratzberger, M., Smith, S., Tunberg, B.G., van Dalfsen, J.A.,
Ware, S., Watling, L., 2009. Guidelines for the study of the epibenthos of subtidal
environments. ICES Techniques in Marine Environmental Sciences 42, 1–88.
Resig, J.M., 1960. Foraminiferal ecology around ocean outfalls off southern California.
In: Pearson, E.A. (Ed.), Waste Disposal in the Marine Environment. Pergamon
Press, London, pp. 104–121.
Riddle, M.J., 1989. Bite proﬁles of some benthic grab samplers. Estuarine, Coastal Shelf
Science 29, 285–292.
Rosenberg, R., Blomqvist, M., Nilsson, H.C., Cederwall, H., Dimming, A., 2004. Marine
quality assessment by use of benthic species-abundance distributions: a proposed
new protocol within the European Union Water Framework Directive. Marine Pollu-
tion Bulletin 49, 728–739.
Ruiz, F., Gonzalez-Regalado, M.L., Borrego, J., Abad, M., Pendon, J.G., 2004. Ostracoda
and foraminifera as short-term tracers of environmental changes in very polluted
areas: the Odiel Estuary (SW Spain). Environmental Pollution 129, 49–61.
Rumohr, H., 2004. Soft bottom macrofauna: collection, treatment, and quality assurance
of samples. ICES Techniques in Marine Environmental Sciences 27, 1–26.
Schafer, C.T., 1971. Sampling and spatial distribution of benthonic foraminifera. Limnology
and Oceanography 16, 944–951.
Schönfeld, J., 2002. Recent benthic foraminiferal assemblages in deep high-energy en-
vironments from the Gulf of Cadiz (Spain). Marine Micropaleontology 44,
141–162.
Schönfeld, J., Numberger, L., 2007a. The benthic foraminiferal response to the 2004
spring bloom in the western Baltic Sea. Marine Micropaleontology 65, 78–95.
Schönfeld, J., Numberger, L., 2007b. Seasonal dynamics and decadal changes of benthic
foraminiferal assemblages in the western Baltic (NW Europe). Journal of Micropa-
leontology 26, 47–60.
Schröder, C.J., Scott, D.B., Medioli, F.S., 1987. Can smaller benthic foraminifera be ignored
in paleoenvironmental analyses? Journal of Foraminiferal Research 17, 101–105.
Schweizer, M., Polovodova, I., Nikulina, A., Schoenfeld, J., 2011. Molecular identiﬁcation
of Ammonia and Elphidium species (Foraminifera, Rotaliida) from the Kiel Fjord
(SW Baltic Sea) with rDNA sequences. Helgoland Marine Research 65, 1–10.
Scofﬁn, T.P., Tudhope, A.W., 1985. Sedimentary environments of the Central Region of
the Great Barrier Reef of Australia. Coral Reefs 4, 81–93.
Scott, D.B., Hermelin, J.O.R., 1993. A device for precision splitting of micropaleontological
samples in liquid suspension. Journal of Paleontology 67, 151–154.
Scott, D.B., Medioli, F., 1980. Quantitative studies of marsh foraminiferal distributions
in Nova Scotia and comparison with those in other parts of the world: implications
for sea-level studies. Cushman Foundation for Foraminiferal Research Special Pub-
lication 17, 1–58.
Scott, D.B., Medioli, F.S., Schafer, C.T., 2001. Monitoring in Coastal Environments using
Foraminifera and the Camoebian Indicators. Cambridge University Press. 177 pp.
Scott, D.B., Schafer, C.T., Medioli, F.S., 1980. Eastern Canadian estuarine foraminifera: a
framework for comparison. Journal of Foraminiferal Research 10, 205–234.
Scott, D.B., Schafer, C.T., Medioli, S., 2004. Monitoring in Coastal Environments using
Foraminifera and Thecamoebian Indicators. Cambridge University Press, Cambridge.
177 pp.
Seiglie, G.A., 1968. Foraminiferal Assemblages as Indicators of High Organic Carbon
Content in Sediment and of Polluted Waters. American Association of Petroleum
Geologists Bulletin 52, 2231–2241.
Semsatto Jr., D.L., Dias-Britto, D., 2007. Alternative solutions to ﬂoat foraminiferal tests.
Journal of Foraminiferal Research 37, 265–269.
Sen Gupta, B.K., Shin, I.C., Wendler, S.T., 1987. Relevance of specimen size in distribution
studies of deep-sea benthic foraminifera. Palaios 2, 332–338.
Shipek, C.J., 1965. A new deep sea oceanographic system. Ocean Science and Ocean
Engineering 1965, 999–1008.
Shirayama, Y., Fukushima, T., 1995. Comparison of deep-sea sediments and overlying
water collected using multiple corer and box corer. Journal of Oceanography
Japan 51, 75–82.
Soetaert, K., Vincx, M., Wittoeck, J., Tulkens, M., Van Gansbeke, D., 1994. Spatial patterns
of Westerschelde meiobenthos. Estuarine, Coastal and Shelf Science 39, 367–388.
Steinker, D.C., Clem, K.V., 1984. Some nearshore foraminiferal assemblages from phytal
substrates and bottom sediments, Bermuda. The Compass 61, 98–115.
Suhr, S.B., Pond, D.W., Gooday, A.J., Smith, C.R., 2003. Selective feeding by benthic fora-
minifera on phytodetritus on the western Antarctic Peninsula shelf: evidence from
fatty acid biomarker analysis. Marine Ecology Progress Series 262, 153–162.
Van Gaever, S., Vanreusel, A., Hughes, J.A., Bett, B.J., Kiriakoulakis, K., 2004. The macro-
and micro-scale patchiness of meiobenthos associated with the Darwin Mounds
(north-east Atlantic). Journal of the Marine Biological Association of the United
Kingdom 84, 547–556.
Van Veen, J., 1936. Onderzockningen in de Hoofden. Algemeene Landsdrukkerij, Den
Haag. 252 pp.
Walker, D.A., Linton, A.E., Schafer, C.T., 1974. Sudan black B: a superior stain to rose
Bengal for distinguishing living fron nonliving foraminifera. Journal of Foraminiferal
Research 4, 205–215.
Walton, W.R., 1952. Techniques for recognition of living foraminifera. Contributions of
the Cushman Foundation for Foraminiferal Research 3, 56–60.
Watkins, J.G., 1961. Foraminiferal ecology around the Orange County, California, ocean
sewer outfall. Micropaleontology 7, 199–206.
Wigley, R.L., 1967. Comparative efﬁciencies of van Veen and Smith-McIntyre grab samplers
as revealed by motion pictures. Ecology 48, 168–169.
Wilson, B., 1998. Epiphytal foraminifera1 assemblages on the leaves of the seagrasses
Thalassia testudinum and Syringodium ﬁliforme. Caribbean Journal of Science 34,
131–132.
Wilson, B., 2008. Population structures about epiphytal foraminiferal communities,
Nevis, west India. Journal of Micropalaeontology 27, 63–73.

ht
tp
://
do
c.
re
ro
.c
h
